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In contrast to B-DNA that has a right-handed double helical structure with Watson–Crick base

pairing under the ordinary physiological conditions, repetitive DNA sequences under certain

conditions have the potential to fold into non-B DNA structures such as hairpin, triplex,

cruciform, left-handed Z-form, tetraplex, A-motif, etc. Since the non-B DNA-forming sequences

induce the genetic instability and consequently can cause human diseases, the molecular

mechanism for their genetic instability has been extensively investigated. On the contrary, non-B

DNA can be widely used for application in biotechnology because many DNA breakage hotspots

are mapped in or near the sequences that have the potential to adopt non-B DNA structures. In

addition, they are regarded as a fascinating material for the nanotechnology using non-B DNAs

because they do not produce any toxic byproducts and are robust enough for the repetitive

working cycle. This being the case, an understanding on the mechanism and dynamics of their

structural changes is important. In this critical review, we describe the latest studies on the

conformational dynamics of non-B DNAs, with a focus on G-quadruplex, i-motif, Z-DNA,

A-motif, hairpin and triplex (189 references).

1. Introduction

As first proven by Watson and Crick using X-ray diffraction in

1953, DNA has a right-handed helical duplex structure,

so-called B-DNA.1 In living cells, DNA, which acts as the

carrier of the genetic information, does not usually exist as a

single-strand sequence, but as a pair of molecules that are held

tightly together. However, when the DNA metabolism process

occurs, such as replication and transcription, the DNA double

helix is partially unwound into a single-strand sequence. Some

of the unwound single-strand sequences show repetitive DNA

sequences. Generally, it is known that in the human genome,

repeat DNA sequences account for more than 50% of the total

genomic DNA, whereas simple sequence repeats comprise

B3% of the total DNA.2 Under a certain condition, these

repetitive DNA sequences can form unique structures rather than

double helix of B-DNA. That is, repetitive DNA sequences

have the potential to fold into non-B DNA structures such as
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hairpin, triplex, cruciform, left-handed Z-form, tetraplex, poly

(dA) duplex (A-motif), etc. (Fig. 1).3–6 These unusual secondary

structures may affect the gene metabolism process and also

participate in several biologically important processes.

According to the previous report by the Vasquez group, the

non-B DNA structure-forming sequences can induce genetic

instability and consequently may cause human diseases.4 In

this respect, the molecular mechanism of non-B DNAs has

been studied intensively in the pharmaceutical and medical

fields. As a result, it was found that non-B DNA induces not

only genetic expansions and deletions, but also DNA strand

breaks and rearrangements. The non-B DNA structure-induced

genetic instability was excellently summarized in recent

reviews.3–5,7 In addition, many databases have been developed

for identifying and evaluating the biological relevance of

putative non-B DNA structures in mammalian and other

genome.8–11 For example, recently, Stephens and coworkers

have developed non-B DB, a database to provide access to

genome-wide locations of predicted non-B DNA-forming

sequence motifs.11 It is freely accessible at http://nonb.abcc.

ncifcrf.gov.

To date, more than 10 different types of non-B structures

have been reported: hairpin, triplex (H-DNA), cruciform,

left-handed Z-DNA, tetraplex (G-quadruplex and i-motif),

A-motif, sticky DNA, etc. In order to form those structures,

DNA strands should be folded in a different manner from

B-DNA or make unusual base pairs such as Hoogsteen base

pairs that are the unusual pairs of hydrogen bonding among

nucleic bases compared with Watson–Crick base pairs

(i.e., A–T, G–C). Substantially, Hoogsteen base pairs play an

important role in stabilizing several non-B DNA conformations.

For instance, in the case of G-quadruplex, i-motif, triplex and

A-motif, hydrogen bonds between G–G, C–C, G–G–C and

A–A bases, respectively, significantly contribute to their structural

stabilization. However, not all of the non-B DNAs have

Hoogsteen base pairs; cruciform, Z-DNA and hairpin are

stabilized by Watson–Crick base pairs, but the structure is

substantially different from B-DNA. It is known that some

non-B DNAs such as cruciform and Z-DNA with

Watson–Crick base pairs can be induced by outside stimuli

such as the negative supercoiling. Additionally, some of the

altered conformations with Hoogsteen base pairs are not far

different from the canonical B-form.12,13 For example, the

DNA duplex formed by d(ATATATCT) has two crystal

structures: a more stable one with the standard Watson–Crick

base pairs and another with Hoogsteen base pairs further

stabilized by intercalation of the terminal thymine base

(Fig. 1f).14 Moreover, it has been reported recently that

Hoogsteen base pairs are formed transiently even in canonical

duplex DNA.15

On the other hand, DNA is an excellent material for

building artificial nanostructures in nanotechnology, material

science, molecular computing and bio-analysis because of the

Watson–Crick base pairing to make the hybridization between

DNA strands highly predictable, the well-defined double-helix

structure and its structural stiffness and flexibility.16–19 Like

B-DNA, non-B DNAs are also regarded as fascinating materials

for nanotechnology because they have a unique structure,

Fig. 1 Representative non-B DNA structures and their molecular structures. (a) G-quadruplex (PDB id: 2KZD) and G-tetrads composed of four

guanine bases (orange). (b) i-motif (i-tetraplex) (PDB id: 1EL2) and hemiprotonated C:C+ base pair (cyan), (c) hairpin structure with

Z-conformation stem shown in pink (PDB id: 1D16), (d) parallel triplex (PDB id: 1BWG) which consists of T � A�T and C+ � G�C triads

(light green). Triplex forming oligonucleotide (TFO), bound at the major groove of the DNA duplex, is colored in pink. (e) A-motif (taken from

ref. 130) and A:A base pair (yellow), and (f) the complex of d(ATATATCT) DNA antiparallel duplex composed of A � T Hoogsteen base pairing

fully (PDB id: 2QS6).

Pu
bl

is
he

d 
on

 0
7 

Se
pt

em
be

r 
20

11
. D

ow
nl

oa
de

d 
by

 U
ni

ve
rs

ity
 o

f 
T

ol
ed

o 
on

 1
3/

01
/2

01
5 

17
:2

3:
17

. 

View Article Online

http://dx.doi.org/10.1039/c1cs15153c


This journal is c The Royal Society of Chemistry 2011 Chem. Soc. Rev., 2011, 40, 5893–5909 5895

do not produce any toxic byproducts and are robust enough

for the repetitive working cycle. Moreover, they can be widely

used for the applications to biotechnology because many

DNA breakage hotspots are mapped in or near the sequences

that have the potential to adopt non-B DNA structures.

In this review, we describe the latest studies on the

conformational dynamics of non-B DNAs, with a focus on

G-quadruplex, C-quadruplex, A-motif and Z-DNA. In addition,

we briefly touched on the topics of DNA hairpin and triplex.

Since biological functions of nucleic acids significantly depend

on their conformational dynamics as well as their structure

and stability, an understanding on the mechanism and

dynamics of their structural changes is important. Therefore,

we believe that this review will be helpful to understand the

conformational dynamics of non-B DNAs.

2. G-quadruplex

Guanine (G)-rich sequences can form G-quadruplex structures

consisting of p–p stacking of planar G-tetrads, cyclically bound

to each other through eight hydrogen bonds according to the

Hoogsteen base pairs (Fig. 1a).20–22 G-rich sequences are

observed frequently in the promoter region of oncogene and

human telomeric DNA (Fig. 2).23–25 In vitro, G-quadruplex

blocks the binding of telomerase, and POT1 binding to the

single-stranded telomeric DNA enhances telomerase activity by

disrupting the G-quadruplex structure, implying the potential

biological importance of the G-quadruplex structure in regulating

telomere length in vivo. In addition, it was recently reported

that telomeric DNA can be also subjected to the transcription

process.26,27 In this respect, a number of studies on the

G-quadruplex have been greatly investigated in terms of the

topology, and the molecular and biofunctional mechanism.

To date, various G-quadruplex structures have been

characterized by NMR, X-ray crystallography, etc. As a result,

it is well-known that G-quadruplexes show a high degree of

structural polymorphism depending on the nucleotide

sequences, the orientation of the strands, the syn/anti glycosidic

conformation of guanines, the loop connectivities, and

environmental factors such cations, molecular crowding and

dehydration (Fig. 2).21,22,28–31 In practice, an understanding

on the polymorphism of G-quadruplex is very important for

determining the role on the populations of its various structure

under given conditions and for the application in biotechnology.

Although it is known that G-quadruplex structures are stabilized

by the presence of monovalent or divalent cations such as

Na+, K+ and Pb2+ coordinated onto the planar G-tetrads,

G-quadruplexes show significantly distinct structures depending

on the type of cations.32–37 In 1993, the telomere sequence 50-

A(GGGTTA)3GGG-30 was reported to form an antiparallel

G-quadruplex structure in Na+ solutions.34 However, it was

found that the same sequence formed a parallel G-quadruplex

structure in K+ solutions.32,33,38,39 On the other hand, Trent

and coworkers reported that the 27-mer DNA sequence,

d(GGTGGTGGTTGTGGTGGTGGTGG), folds into at

least eight different monomeric quadruplex structures under

the same experimental conditions.40 Moreover, they reported

that these different species are produced by rapid cooling,

implying significant differences between kinetic and thermo-

dynamic stability. Interestingly, G-quadruplex, which is

so-called ‘‘a pinched duplex’’, can be formed in a DNA double

helix with consecutive G–G mismatches by the binding of K+

or Sr2+ (Fig. 3a).41,42 This unusual pinching conformational

change in double-stranded DNA can be used for DNA

architecture41 as well as an electronic nanoswitch.43

DNA G-quadruplex is also revealed to be present as higher-

order structures such as dimer and trimer of G-quadruplex

subunits.30,44,45 For example, Smargiasso et al. showed that

oligodeoxynucleotides with random bases in the loops,

d(GGGWiGGGWjGGGWkGGG) (W = thymine or adenine;

i, j, and k = 1–4), form very distinct and stable multimeric

G-quadruplexes in the presence of 150 mM K+, Na+, or NH+.

They also found that sequences with short loops favor a

parallel conformation and form very stable multimeric quadruplexes

even at low strand concentration, whereas sequences with

long loops favor more intramolecular and antiparallel

conformations.30 In addition, Lin et al. found that addition

of K+ stabilizes the G-quadruplex structure and initial [K+]

plays a critical role in determining the structural topology of

bcl2mid, a kind of bcl-2 gene.45 That is, under a low [K+]

condition, intramolecular G-quadruplex (monomer) is formed

as a major component whereas additional intermolecular

G-quadruplexes (dimer) are formed at high [K+]. Furthermore,

by adding 145 mM Li+, the bcl2mid monomer observed in the

5 mM K+ condition was converted into the dimer, which was

not observed at 150 mM Li+ solution. Moreover, the Tm of

the bcl2mid dimer is higher than that of the monomer by more

than 10 1C, indicating the more stable structure of the dimer

than that of the monomer.

Fig. 2 Six hallmarks of cancer (ref. 25) are shown with the associated

G-quadruplexes found in the promoter regions of each oncogene

implicated in cancer development and progression. As mentioned in

the main text, G-quadruplexes show a high degree of structural

polymorphism depending on the nucleotide sequences, the orientation

of the strands, the syn/anti glycosidic conformation of guanines, the

loop connectivities, and environmental factors such cations and

dehydration. This figure was reproduced from ref. 23.
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Additionally, some research groups have attempted to control

the G-quadruplex conformation using the chemically modified

nucleic acids.46–51 In contrast to the ordinary G-rich sequences

that show high degrees of structural polymorphism, the

incorporation of the chemically modified nucleic acids such

LAN (locked nucleic acid) induces a difference structure or a

single well-defined structure. For example, the LAN-substi-

tuted sequence, GLGLT4GLGL (L = LAN-G), shows a

single well-defined G-quadruplex structure, whereas the native

telomeric sequence from Oxytricha nova, d(G4T4G4), forms a

dimeric G-quadruplex with antiparallel G-columns and diagonal

T4 loops.46 The LAN-substituted sequence folds back in a

V-shaped turn that puts the first and fourth guanines in the

same tetrad, looping over a tetrad with a sharp turn in the

DNA backbone, showing how subtle interplay between sequence

and conformation defines the folding topology. Saneyoshi et al.

reported the effect of replacing a single 20-deoxyguanosine

(dG) residue of the 15-base long thrombin-binding aptamer

(TBA, 50-G1G2T3T4G5G6T7G8T9G10-G11T12T13G14G15-30)

with methanocarba nucleosides locked in either the C30-endo

(North, N)- or C20-endo (South, S)-conformation.48 They

found that the substitution at positions 5, 10 and 14 with a

locked South/syn-dG nucleoside produced aptamers with the

same stability and global structure as the innate, unmodified one,

whereas replacing position 15 with the same South/syn-dG

nucleoside induced a strong destabilization of the aptamer.

Especially, the destabilization induced by the substitution of

the South/syn-dG nucleoside at position 15 supports the

concept that the glycosyl conformation is more restrictive for

TBA stability than the sugar puckering. Galeone and coworkers

investigated the effect of an 8-methyl-20-deoxyguanosine residue

(M) on the structure and stability of tetramolecular parallel

G-quadruplexes, and consequently found that the presence of

this residue could result in the formation of unusual quadruplex

structures containing all-syn tetrads.49 Eritja and coworkers

reported the effect of 8-amino-20-deoxyguanosine (8AG) on

the stability of G-quadruplex.50,51 It was found that 8AG

substitution destabilizes the tetraplex structure by 1.2–1.9 kcal mol�1

in the case of the 15-mer long thrombin aptamer

(50-GNTTGGTGTGGTTGG-3 0, N = 8AG).

Folding and unfolding kinetics

Since biological functions of biomolecules such as nucleic

acids are significantly implicated in their structure and stability

as well as their dynamics, studies for the folding and unfolding

kinetics of G-quadruplexes can provide new information and a

better understanding on their biological function. Indeed, as

mentioned above, G-quadruplex-forming sequences have been

enormously investigated in terms of their folding topologies

and the interactions between small molecules or DNA-binding

proteins and G-quadruplex motifs. Despite many studies on

G-quadruplex conformational dynamics, however, detailed

knowledge of its conformational changes is still needed.

In order to elucidate the folding and unfolding kinetics of

both parallel and anti-parallel G-quadruplex observed in K+

solution, Phan and Patel used the two-repeat human telomeric

sequence d(TAGGGTTAGGGT), which can form both parallel

and antiparallel G-quadruplex structures in K+ solution.52

They reported that for the modified U1B7 sequence,

d(UAGGGTBrUAGGGT), the antiparallel G-quadruplex

folds faster but unfolds slower than the parallel G-quadruplex

at physiological temperature. Hsu et al. showed that c-kit2

(second G-quadruplex-forming motif) exists as an ensemble of

structures that share the same parallel-stranded propeller-type

conformations.53 They also suggested that using hydrogen–

deuterium exchange experiments, at least two structurally

similar but dynamically distinct substrates coexist and they

undergo slow interconversion on the NMR timescale (> 1 s�1).

Adopting the same approach, Balasubramanian and coworkers

studied the structure and dynamics of the human telomeric

G-quadruplex using single-molecule fluorescence resonance

energy transfer (smFRET).54 They showed that two stable

folded conformations coexist under near-physiological conditions

and can interconvert on a minute time scale, and then the

unfolding of both substrates occurs at the same rate, which

showed dependence on the monovalent metal cation present.

Moreover, they also reported that duplex–quadruplex inter-

conversion is a relatively rare event within a natural extended

DNA duplex as well as in a single-stranded form.55 This is in

contrast to the dynamics observed for the human intramolecular

quadruplex by Lee et al. Lee et al. reported that three

conformations in vesicle encapsulation studies were observed

in K+ solution, one unfolded and two folded, and each

conformation could be further divided into two species,

Fig. 3 (a) Illustration of ‘‘Pinched DNA’’ formation triggered by

adding cations such as K+ and Sr2+. The two applications suggested

by Sen and coworkers are shown on the right side (reproduced from

ref. 41 and 43). (b) Conformational changes of the human telomeric

G-quadruplex-forming sequence, d(AGGG(TTAGGG)3). Two hybrid

forms can be induced by adding K+, but hybrid-1 structure of which

the chain-reversal side loop is near the 50 end is more stable than

hybrid-2 with the side loop near to the 30 end. This figure is reproduced

from ref. 21 and 39.
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long-lived and short-lived, based on lifetimes of minutes versus

seconds.56 They showed that folding was severely hindered by

replacing a single guanine, showing only the short-lived species

and that the long-lived folded states are dominant in physiologically

relevant conditions and probably correspond to the parallel and

antiparallel G-quadruplexes observed in high-resolution structural

studies. The major compaction takes place between the early

and late intermediates, and it is possible that local rearrange-

ments are sufficient in locking the late intermediates into the

stably folded forms. In addition, telomeric G-quadruplex

structures with bromoguanine (BrG)-substitutions were

investigated using smFRET.57 The observed FRET distributions

were composed of five components and the relative population

of these components showed the dependence on the position of

the BrG-substitution. The results were explained with a structural

model, so-called triple-strand-core model. That is, the model

includes a triple-stranded core conformation along the folding

pathway to hybrid G-quadruplex structures, and equilibrium

between hybrid- and chair-quadruplex forms.

Shim et al. investigated the folding and unfolding of

G-quadruplex aptamer (thrombin-binding aptamer), d(GG-

TTGGTGTGGTTGG), in a nanopore nanocavity at the

single-molecule level.58 As a result, the G-quadruplex formation

is found to be cation-selective. The selectivity sequence is K+

> NH4
+ B Ba2+ > Cs+ B Na+ > Li+, and G-quadruplex

was not detected in Mg2+ and Ca2+. The high formation

capability of the K+-induced G-quadruplex is largely due to

the slow unfolding reaction (kU = 0.066 s�1). In addition, The

Na+-quadruplex folds and unfolds most rapidly (kF = 6.5 s�1,

kU = 2.9 s�1), while the Li+-quadruplex performs both

reactions at the slowest rates (kF = 0.095 s�1, kU = 0.065 s�1).

Gray and Chaires studied the cation-induced folding into

quadruplex structures for three human telomeric oligo-

nucleotides, d[AGGG(TTAGGG)3], d[TTGGG-(TTAGGG)3A]

and d[TTGGG(TTAGGG)3], using the combination of

equilibrium titrations and multi-wavelength stopped flow

kinetics.38 Oligonucleotide folding in 50 mM KCl at 25 1C

consisted of single exponential processes with relaxation times

t of 20–60 ms depending on the sequence, whereas folding in

100 mM NaCl consisted of three exponentials with t-values of
40–85 ms, 250–950 ms and 1.5–10.5 s. From the cation

concentration and temperature dependence on the folding

rates, they suggest that folding of G-rich oligonucleotides

into quadruplex structures proceeds via kinetically significant

intermediates, which consist of antiparallel hairpins in rapid

equilibrium with less ordered structures. Furthermore, they

also reported the thermodynamics and kinetics for the con-

formational changes of the human telomeric G-quadruplex,

d[AGGG(TTAGGG)3], between the Na+-basket form and

the K+-hybrid form (Fig. 3).39 The energy barrier between

two conformations was found to be only 1.4–2.1 kcal mol�1

and the transition takes place with three relaxation times: a

rapid phase that was complete in o5 ms followed by two slow

phases with relaxation times of 40–50 and 600–800 s at pH 7.0

and 25 1C. Furthermore, the addition of TmPyP4 promotes

the transition between the basket form and hybrid form

(Fig. 3).

In addition, Mergny and coworkers showed that the sub-

stitution of 8-amino guanine (8AG) at position 1 of d(TG4T)

or d(TG5T) accelerates and stabilizes tetramolecular G-quadruplex

formation.51 This is in contrast to the destabilization of the

intramolecular G-quadruplex due to 8AG insertion by Eritja

and coworkers.50 They illustrated that the driving force for the

stabilization of the quadruplex induced by the G to 8AG

change is the gain in nucleobase–ion interaction energy, which

originates from the better dipole orientation in 8AG.

On the other hand, theoretical and experimental studies for

folding pathways of the human telomeric sequences showed

that two (3 + 1) G-quadruplex structures are formed through

hairpin and triplex intermediates.57,59,60 The overall folding

would be facilitated by K+ association in each step, as it

decreases the electrostatic repulsion and consequently the

energy barrier.59 Bardin and Leroy investigated the formation

pathway of tetramolecular G-quadruplex with short sequences,

d(TGnT) (n = 3–6). As a result, they found that the quadruplex

formation rates increase with the salt concentration but

weakly depend on the nature of the counter ions, and the

quadruplex formation proceeds step by step via sequential

strand association into duplex and triplex intermediates.61 The

sequential folding pathway of G-quadruplex was further supported

by Rosu et al. using electrospray mass spectrometry.62 From

the observation of tetramolecular G-quadruplex formation

from d(TG5T) in ammonium acetate, they found that the

addition of cations promotes the formation of tetramers and

pentamers, which are intermediates in the G-quadruplex formation

and gradually converted into tetramers. However, the tetramers

in this step do not have the perfectly aligned four strands for

the five G-quartets, and the rearrangement of the structure

towards the well-ordered G-quadruplex structure is revealed

to be extremely slow (not complete after 4 months) at 4 1C.

Galeone and coworkers reported that the modified nucleosideM,

8-methylene guanine, at the 50-end of the sequence accelerated

quadruplex formation by 15-fold or more relative to the

unmodified oligonucleotide, which makes this nucleobase an

attractive replacement for guanine in the context of tetramolecular

parallel quadruplexes.49

The Sponer group has investigated the conformational

change of G-quadruplex using molecular dynamics (MD)

simulations.63 Their pioneering work published in 1999

emphasized the crucial role of cations on the stabilization of

G-quadruplex. From the analysis of MD simulation, it was

found that exchange of cations with the solvent is possible

without any deformation of the stem, whereas complete

removal of the cations from the G-quadruplex causes an

immediate destabilization of the structure on the picosecond

time scale, followed by the hydration of the vacant cavities on

a scale of 100 ps or less. Inspired by the work of Sponer group,

a number of attempts have been made to understand the

dynamics of G-quadruplex using MD simulations. Among

them, Pagano et al. compared the dynamics of RNA and

DNA G-quadruplexes made from r(GGAGGUUUGGAGG)

and d(GGAGGTTTTGGAGG), respectively, using a multi-

scale computational approach combining MD simulations and

density functional theory calculation.64 They found that the

coordination process of Na+ in RNA and DNAG-quadruplex

completed in 2 ns and 32 ns, respectively, indicating the faster

coordination of Na+ in RNA G-quadruplex. In addition,

adenine bases are found to play an important role in the
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stabilization of RNA G-quadruplex because two adenines

coordinate to one of two stacked G-tetrads in the presence

of Na+, equivalent to the energy gain of 4.0 kcal mol�1.

In conclusion, G-quadruplexes show the very slow folding

(association) and unfolding (dissociation) kinetics, depending

strongly on the number of G-tetrads in the structure and the

presence of cations. Furthermore, some recent reports suggest

that the structural interconversion among various G-quadruplex

conformations occurs only above its melting temperature or

high concentrations of DNA strand because an unfolding of

the chain for the interconversion is unlikely to happen at room

temperature.44,45,65 However, this suggestion is in disagreement

with the results of other groups who studied the same

phenomenon that occurred at room temperature.39,66

3. i-motif DNA (i-tetraplex)

The i-motif structure is formed from a cytosine (C)-rich strand

at slightly acidic pH or even neutral pH (Fig. 4).23,67 It is

known that C-rich sequences are present in or near the

regulatory regions of >40% of all genes, especially in the

promoter region of oncogene and human telomeric DNA.23,68

Thus, i-motif has been an emerging topic in nucleic acids

research because they might act as a signpost of

oncogene.7,23,24,69–72

The i-motif structure consists of two parallel-stranded

C:C+ hemiprotonated base-paired duplexes that are intercalated

in an antiparallel manner (Fig. 1b). The i-motif structures are

significantly affected by the number of cytosine bases,73 loop

length,74 environmental condition,75,76 and attached or inter-

acting material with the DNA strands.77–79 As mentioned

above, some sequences showed stable i-motif structures even

at neutral pH. For example, the i-motif structure formed from

d(5mCCT3CCT3ACCT3CC) is stable even at neutral pH.80

In that case, the i-motif core is extended by a symmetrical T�T
pair at one end and by a Hoogsteen A�T pair at the other.

Nonin et al. showed that the i-motif can also be formed in a

dimer of a DNA strand containing two cytidine stretches and

an intermediate linker (e.g. 5mCCT3AC2) or, again, by

intramolecular folding of a single strand with four cytidine

stretches.81 However, the d((CCATT)2CCTTTCC) sequence

found in human centromeric satellite III showed two

intramolecular i-motif structures in a pH-dependent ratio.82

The two structures differ in intercalation topology, apparently

in relation to adenine protonation.

On the other hand, Jin et al. investigated the i-motif

structure in various pH conditions by small-angle X-ray

techniques.83 As a result, they showed that under mild acidic

conditions, the conformation of i-motif DNA is similar to

that of the partially unfolded i-motif atomic model rather than

the fully folded i-motif atomic model. Thus, i-motif DNA is

found to be structurally dynamic over a wide pH range,

adopting multiple conformations ranging from the folded

i-motif structure to a random coil conformation. These results

reported until now indicate that like G-quadruplex, i-motif

also shows a high degree of structural polymorphism depending

on the number of cytosine bases, loop length, environmental

condition, and attached or interacting material with the

DNA strands. For example, the sequence 50-CTTTCC-

TACCCTCCCTACCCTAA-3 0 formed multiple ‘‘i-motif-

like’’, classical i-motif, and single-stranded structures as a

function of pH.84 The classical i-motif structures are predo-

minant in the pH range 4.2–5.2, whereas ‘‘i-motif-like’’ and

single-stranded structures are the most significant species in

solution at pH higher and lower than that range, respectively.

Moreover, Sugimoto and coworkers reported that triplet

repeat sequences, 50-CGG(CCT)nCGG-30 (n = 4, 6, 8 and

10), could adopt the i-motif structure at neutral pH by

molecular crowding.85 Dhakal et al. found the coexistence of

the partially folded form and i-motif in the C-rich human

ILPR oligonucleotides using the laser-tweezers technique

(Fig. 5).86 They also suggested that the formation of i-motif

is decreased by increasing pH, while the partially folded

structure with a small fraction is pH-independent (pH = 5.5–7.0:

6.1%). In addition, recently we clearly showed that the

partially folded species, which could not be observed by the

CD spectra, coexist with the single-stranded structure at

neutral pH using the FRET technique in the bulk phases

and at the single-molecule level. These results imply that the

i-motif-like structure may exist in vivo, which is a largely

neutral condition, and probably participate in biological

processes such as replication, regulation, and transcription

(Choi, J. et al. unpublished data).

Leroy and coworkers have studied the stability of i-motif

with regard to its structural polymorphism.87–89 The experimental

and theoretical studies of d(Cn)4 (n = 2 and 4) showed that

these sequences could form two i-motif structures, one with

outermost 30 extremities and the other with outermost 50

extremities (called 30E and 50E topologies, respectively), and

the stability in the two topologies is significantly related to an

attractive interaction between sugars, responding to the correct

backbone twisting.87

Fig. 4 Sequences and folding patterns of i-motifs in the two proposed

classes of i-motifs found in eukaryotic promoter elements. Class I,

having small loop sizes, is found in the VEGF, RET and Rb promoter

elements, and Class II, having larger loop sizes, is found in the c-Myc

and Bcl-2 promoter elements. This figure was reproduced from ref. 23

(see ref. 23 for additional details).
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Folding and unfolding kinetics

In order to elucidate the biological function of i-motif, an

understanding of the structural change of C-rich single-

stranded DNA is important. However, most studies performed

on non-B DNA sequences in oncogene promoter regions have

focused on G-quadruplex due to its inherent structural stability

even at neutral pH. In contrast, relatively few studies have

been done on i-motif structures.

Like G-quadruplex, i-motif shows the very slow folding

(association) and unfolding (dissociation) kinetics, depending

strongly on the sequences. The C-rich telomeric sequence,

d(CCCTAA)3CCC, showed very slow proton exchange at

the cross-peak of the internal (hydrogen-bonded) amino

protons (4.7 hours at 0 1C), indicating that the formation of

i-motif is very slow.90 The human telomeric sequence,

d(CCCTAA)4, displayed also slow folding and unfolding

kinetics. The folding equilibrium constant (KF) was increased

by over 5800-fold as the pH decreased from 7.0 to 4.8, whereas

the association equilibrium constant (KA) in the presence of a

complementary strand was decreased by over 20-fold.91 Zhou

et al. investigated the folding kinetics of four C-rich sequences

at neutral and slightly alkaline pH using CD and FRET

techniques.75 As a result, the formation time constants

obtained by CD and fluorescence experiments are 214 and 493 s,

respectively, indicating that the human telomeric sequences

can slowly form i-motif structures at pH 7 and 4 1C. Using the

fluorescence spectroscopy, Liu and Balasubramanian observed

that the folding and unfolding processes of i-motif are

both completed in about 5 s in a proton-fuelled DNA

nanomachine.92 On the other hand, the i-motif immobilized

on gold surface showed the folding and unfolding times from

several tens of seconds to several hours, depending on the

degree of the surface coverage of i-motif.93

However, an early stage interaction in the folding process of

the i-motif has been lacking. Recently, we clearly observed the

dynamics due to the intrachain contact formation and

dissociation occurring in the submicrosecond timescale as well

as the changes of the diffusion coefficient of i-motif with

increasing pH using the fluorescence correlation spectroscopy

(FCS) (Fig. 6, Choi, J. et al., unpublished data). From the

quantitative analysis of FCS curves, we found that the diffusion

coefficient (D) of i-motif with increasing pH is gradually

decreased due to the change in intermolecular interaction

between i-motif and solvent molecules following the increase

of pH, and the change of the shape of the DNA. Moreover,

FCS analysis showed that the intrachain contact formation

and dissociation for i-motif are 5–10 times faster than that for

the open form (or random coil).

4. Z-DNA

Compared to canonical right-handed B-DNA, Z-DNA exhibits

the left-handed double helix and its phosphate backbone of

Z-DNA has a zigzag pattern as its name indicates (Fig. 1c and

7a).94 The bases of Z-DNA place relatively far away from the

axis, and the single deep groove exists instead of major and

minor grooves observed in B-DNA. In addition, glycosidic

bonds of the bases have alternating syn- and anti-conformation.

Therefore, Z-DNA can be formed mainly in alternating

purine–pyrimidine sequences because purine bases can adopt

either syn- or anti-conformation, whereas pyrimidine bases

favor anti-conformation.95 Thus, among various combinations

of alternating purine–pyrimidine bases, (GC)n is the most

favored sequences for Z-conformation. Furthermore,

Kimura et al. investigated the electron transfer in Z-DNA

using the 2-aminopurine-cytosine-7-deazaguanine (50-ApCdzG-30)

trimer. They found that the electron transfer in Z-DNA is

Fig. 5 (a) Single-molecule experimental set-up using laser tweezers.

(b) Force extension curves from the sample ILPR sequences,

50-(TGTCCCCCACACCCC)2TGT, at 23 1C and pH 5.5. This figure

is taken from ref. 86 (see ref. 86 for additional details).

Fig. 6 Representative FCS curves of the i-motif structure measured

at pH 4.8 (red) and 7.6 (black). Two FCS curves indicate the larger

hydrodynamics of the random coil structure at pH 7.6 than that of

i-motif DNA formed at pH 4.8. Inset: illustration of the folding cycle

of i-motif DNA and the structural fluctuation.
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faster in the 50 - 30 direction than in the 30 - 50 direction,

whereas B-DNA showed the faster electron transfer in the

30 - 50 direction.96 In addition, they found that the single deep

grove of Z-DNA is more hydrated than grooves of B-DNA.97

To date, several convincing evidences on the existence of

Z-DNA in vivo have been suggested. First of all, Z-DNA-

forming sequences are located abundantly in the human gene.

The Ho group found that Z-DNA-forming sequences exist

approximately once every 3000 base pairs by analyzing the

complete human genome.98 Interestingly, the Z-DNA-forming

sequences, especially (GC)n, are typical sequences of telomeric

DNA and a promoter region of many oncogene, suggesting

that the Z-DNA formation may be related to carcinogenesis.

Ray et al. and Wittig et al. reported that Z-DNA regulates the

oncogene expression such as human ADAM-1299 and

c-myc,100 respectively. Moreover, various Z-DNA binding proteins

(ZBPs) indeed exist in vivo, implying that Z-DNA may have a

certain role inside the cell.101–103 Before the discovery of

ZBPs, many researchers were in doubt on Z-DNA, whether

it really plays an important role or is just a transient

conformation during DNA metabolism. Since the report for

the crystal structure of the Za domain of ADAR1,104 which is

the human RNA editing enzyme that can bind Z-DNA,

Z-DNA regained attention and a number of related studies

on Z-DNA and ZBPs have been carried out. As a result, it is

known that the binding domain of ZBPs is involved in various

biological phenomena from the pathology of viruses105 to the

interaction with rRNA during translation.106

On the other hand, Ha et al. reported the crystal structure of

a junction between the right-handed B-DNA and Z-DNA

forms of the double helix (Fig. 7a).107 At the junction, only

one base pair is broken and the bases are flipped out of the

duplex. Base pairs of the B-DNA and Z-DNA segments are

continuously stacked across the junction. The structure of the

B–Z junction maximizes base pairing and stacking, thereby

minimizing the energetic cost of the junction and facilitating

the use of Z-DNA more widely in nature. Subsequently,

Bothe et al. showed that the sequence-specific B-DNA

flexibility regulates the location of the B–Z junction and

thermodynamic property of B–Z transition.108

B–Z transition

In 1972, Pohl and Jovin showed that the structure of

poly(dGC) DNA was converted in 4 M NaCl solution.109

After several years, Rich and coworkers reported that this

conformational change was due to B–Z transition.94 The

Z-DNA conformation has been difficult to study because it

does not exist as a stable feature of the double helix. From

numerous experimental and theoretical approaches, it has

been known that B-DNA can be converted to Z-DNA by

several outside stimuli such as high ionic strength, negative

supercoiling, solvent condition, protein binding, and chemical

modification.105,110,111 As the phosphate groups of Z-DNA are

placed closer together than B-DNA, the electrostatic repulsion

from positively charged phosphate groups destabilizes the

Z-DNA conformation. Under high-salt conditions, however,

the electrostatic repulsion is greatly decreased, and consequently

Z-DNA conformation is favored.

Recently, Maruyama and coworkers showed that the B–Z

transition induced by a cationic graft copolymer, poly

(L-lysine)-graft-dextran (PLL-g-Dex), proceeds in a two-step

Fig. 7 (a) Crystal structure of the B–Z junction (PDB id: 2ACJ). Adenine and thymine bases at the B–Z junction, flipped out from the axis, are

depicted as green boxes. (b–c) Experimental schemes to observe B–Z transition caused (b) by negative supercoiling and (c) Z-DNA binding protein

using single-molecule spectroscopy, and details can be found in ref. 119 and ref. 128, respectively.
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manner involving formation of a distinct intermediate.112 In

that case, the cationic backbone of the copolymer serves to

reduce electrostatic repulsion among DNA phosphate groups

and the hydrophilic graft chains reduce activity of water; these

two factors act cooperatively to facilitate the B–Z transition.

They proposed that the transition rate (8.0� 10�5–3.1� 10�4 s�1)

from intermediate to Z-DNA was the highest when induced by

the copolymers with the highest graft contents. Additionally,

Tashiro et al. showed that B–Z transition can be controlled by

changing the temperature; Z-DNA is favored under the low

temperature condition.113,114

Second, negative supercoiling is the most plausible Z-DNA

inducer inside the cell.115,116 Negative supercoiling means

twisting the DNA double helix in an unwinding manner

(i.e., if DNA is twisted in a winding manner, it is called

‘positive supercoiling’) and it happens during several DNA

metabolisms, such as replication and transcription processes.117

To alleviate the torsional stress made by supercoiling, topologically

unusual DNA structures such as cruciform and Z-DNA are

formed.95,118 Recently, Lee et al. have examined the B–Z

transition induced by the negative supercoiling at the single-

molecule level using the combination of FRET and magnetic

tweezers (Fig. 7b).119 Magnetic tweezers is a very valuable

technique to investigate winding/unwinding processes of

coiled DNA molecules by controlling infinitesimal tension

and torsion precisely.117,120 As a result, they found that B–Z

transition can be triggered by minute negative superhelicity

(s E �0.006, superhelical density) and approximately one

picoNewton tension. In addition, dynamic interconversions

between B- and Z-DNA showed the rate constants of the

forward (kBZ = 0.05 s�1) and reverse (kZB = 0.07 s�1)

reactions at s of �0.013 and 1.4 pN at 37 1C. This result

suggests that Z-DNA can be formed in vivo more easily,

especially in the presence of tension, than expected from the

previous studies.121,122

Third, a dehydrating agent such as ethanol, methanol, and

ethylene glycol can stabilize the Z-conformation. This stabili-

zation may be due to a closer clustering of counterions around

the DNA because ionic effects are felt more strongly, thus

providing more effective shielding of the mutually repelling

phosphate groups.95 Hud and coworkers showed that the

d(GC)8 sequence in deep-eutectic solvents (DESs) has a helical

structure of Z-DNA, implying non-aqueous solvents can also

trigger B–Z transition.123

Fourth, Z-DNA binding protein (ZBP) and antibodies are

able to bind Z-DNA (or Z-RNA) selectively, suggesting its

Z-conformation triggering ability. Since the method is developed

to identify high-affinity Z-DNA binding proteins in 1993,124

many researches have been carried out to reveal the binding

mechanism upon Z-DNA. In addition, the Qu group reported

Alzheimer amyloid protein that can induce Z-to-B transition.125

In addition to the previous report on the correlation between

Alzheimer’s disease and Z-DNA,126,127 this report tentatively

suggests that Z-DNA formation may involve the mechanism

of Alzheimer’s disease in a certain way. On the other hand,

Bae et al. investigated the B–Z transition induced by ZBPs to

elucidate the detailed binding mechanism and whether the

proteins actively induce Z-DNAs or passively trap transiently

preformed Z-DNAs (Fig. 7c).128 They showed that the

intrinsic B–Z transition rate was considerably similar to that

in the presence of ZBPs, suggesting that intrinsic B–Z transition

dynamics indeed is present in the relaxed DNA under

physiological salt conditions, and ZBPs capture transient

Z-DNAs formed naturally by intrinsic B–Z transition dynamics.

Therefore, they revealed that ZBPs stabilize Z-DNAs via

the ‘‘conformational selection’’ mechanism rather than the

‘‘induced fit’’ mechanism.

On the other hand, the chemical modification of bases is one

of the factors that stabilize Z-conformation.110 The introduction

of the bulky group into a specific base can induce the formation

of Z-DNA by the enhanced steric hindrance. Consequently,

Z-DNA formed by a chemical modification can exist at

physiological salt condition (150 mMNaCl or less). Bromination

and methylation at guanine and/or cytosine base are popular

ways that take advantage of this principle. Especially, it is

known that the substitution of the methyl group at the guanine

C8 position stabilizes the Z-DNA conformation of short

nucleotides considerably in a variety of sequences.129

5. A-motif

Among the repetitive DNA sequences, a single-strand adenine

(A)-rich nucleic acid such as polyriboadenylic acid (Poly(A))

and polydeoxyadenylic acid (Poly(dA)) has attracted consid-

erable attention because of its unique structure at acidic pH130

and selective binding ability to small molecules.131–134 Poly(A)

is a tail component of mRNA in all eukaryotic cells and it

plays a key role in the stability of mRNA and translation

initiation. In eukaryotic mRNAs, the length of the poly(A) tail

is initially about 200 As and gradually shortened by exonu-

clease, an enzyme that degrades mRNA. When a threshold of

tail shortening has been reached (about 30 As), the RNA is

rapidly destructed.135

Poly(dA) (or poly(A)), which is called A-motif, exhibits a

single-stranded right-handed helical structure stabilized by the

p–p stacking of adenine bases at alkaline and neutral pH,

whereas poly(dA) (or poly(A)) at acidic pH forms a right-

handed helical duplex with parallel-mannered chains and tilted

protonated bases (Fig. 1e and 8). Rich et al. proposed that the

parallel duplex is stabilized by two factors: the hydrogen

bonds (reverse Hoogsteen base-pairing) between two proto-

nated adenine bases and electrostatic attraction between the

positively charged protons at the N(1) atom of the adenines

and the negatively charged phosphate groups.136 However, as

originally determined from X-ray data by Rich et al., a full

protonation is not a structural requirement for the formation

of a parallel-stranded duplex. Several studies for the pH

dependent conformational transition of poly(A) proposed that

there are three different acidic conformations of poly(A),

depending on the extent of protonation of the molecule:

A-form, B-form, and frozen form.137–139 B-form, also known

as an intermediate form, is the only structure present at a pH

just below pKa, associated with the partial protonation of

adenine moieties.137 As the pH is further lowered, the B-form

is gradually converted to the A-form. A-form, which has the

‘‘tightly packed’’ structure, is stabilized by complete protonation

of adenine constituents. Finally, the third and most acidic

form, known as the ‘‘frozen’’ form, is created from neutral
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poly(A) at low pH (o3.8). The frozen form represents a grid-

like aggregate consisting of alternating, variably sized, single-

stranded regions linked with short double-stranded regions.

Petrovic and Polavarapu showed that VCD (vibrational

circular dichroism) features are more indicative of the pH-

dependent transitions among the three acidic forms.140

Maggini et al. have studied the kinetics of poly(A) double-

helix formation and dissociation caused by pH change of the

solution.138 Using pH-jump and stopped-flow kinetics, they

have found that the poly(A) double-helix forms by a second-

order step via a labile steady-state intermediate and deter-

mined the second-order rate constant to be 105 dm3mol�1 s�1.

In the case of the dissociation of the poly(A) duplex, however,

it was found to occur much faster (B20 s) than its formation

which continues for 20 minutes or even longer, depending on

pH.138

Kohler et al. investigated the electronic energy relaxation in

poly(A) and poly(dA) using the femtosecond transient absorption

technique and by steady-state absorption and emission

spectroscopies in aqueous solution.141 They showed that the

singlet excited states formed in poly(A) and poly(dA) decay on

time scales ranging from femtoseconds to nanoseconds, and

the secondary structure affects the dynamics of singlet excitations

in poly(A) and poly(dA). In addition, the two slowest decay

components at room temperature and neutral pH have

significantly larger amplitudes in poly(dA) than in poly(A)

and double helix formation slightly increases the yield of long-

lived excitations. However, the excited-state dynamics of

poly(A) and poly(dA) is still not clear until now. Using native

PAGE, 2D NMR, circular dichroism (CD) and fluorescence

spectroscopy, Krishnan and coworkers characterized the two

different pH dependent forms of dA15, single helical structure

and parallel-stranded duplex. The time scales of duplex formation

of 50-TAMRA-dA15 (0.5 mM) was found to be t = 90 ms

demonstrating very fast duplexation, whereas the time scale of

duplex dissociation was determined to be t = 7 s.130

On the other hand, small crescent-shaped alkaloids such as

berberine, palmatine, sanguinarine, and coralyne can bind to

poly(dA) (or poly(A)) with high affinity and consequently

induce a stable duplex (Fig. 8).131,142–146 These alkaloids are

representatives of the protoberberine groups with medical

importance. Indeed, it is known that coralyne is one of the

excellent anti-leukemic drugs and one coralyne molecule is placed

in four adenine bases in the poly(dA)–coralyne assembly.147

The interaction between poly(A) and alkaloids has been

enormously investigated in terms of the molecular recognition

of poly(A) and the control of a nucleic acid secondary

structure. The interaction between poly(A) and alkaloids was

excellently summarized in a recent review.131 In contrast,

relatively few studies have been done on poly(dA). In the case

of poly(dA), sanguinarine can bind to poly(dA) with the

association constant of aboutB104 M�1.148 Jain et al. showed

that coralyne can cause disproportionation of duplex

poly(dA)�poly(dT) into triplex poly(dA)�poly(dT)�poly(dT)
and the poly(dA) self-structure.149 Hud and coworkers reported

that in the presence of coralyne, the sequence of 30-(dA)8-5
0-50-

(dA)8-3
0, which has different strand polarities, forms the

poly(dA)–coralyne assembly with the antiparallel duplex

secondary structure from poly(dA) (Fig. 8).145 Recently, we

confirmed that poly(dA) at acidic pH forms a right-handed

helical duplex with parallel-mannered chains whereas the

coralyne–poly(dA) binding induce a stable antiparallel duplex

at neutral pH (Kim, S. et al., unpublished data). Interestingly,

Hud and coworkers report that from dilution experiments, the

coralyne–poly(A) binding produces very sharp transitions

between single-stranded and duplex structures as a function

Fig. 8 Conformational change of the A-motif due to pH and the binding of coralyne. Poly(dA) at acidic pH exhibits a right-handed double-

stranded helical structure with parallel chains and stacked protonated bases (molecular dynamics (MD) simulation structure from ref. 130 and its

schematic duplex (purple), from the right side). However, the binding of coralyne to single-strand Poly(dA) induces the formation of the poly(dA)

self-structure, which is an anti-parallel duplex with ostensible A�A base pairs (MD simulation structure taken from ref. 146 and its schematic

duplex (green), from the left side).
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of ligand concentration, suggesting that the coralyne–poly(A)

complex begins to be dissociated under a certain critical

concentration (Fig. 9).132 However, recently, we found that

using the combination of the FRET technique and single-

molecule spectroscopy, the parallel duplex formed at acidic

pH was converted to another conformation with a smaller

hydrodynamic radius, while the coralyne–poly(dA) complex

begins to be dissociated into the single-stranded structure

under a certain concentration (Fig. 9; Kim, S. et al.,

unpublished data).

6. DNA hairpin

The hairpin structure might be the most studied and well-

understood structural motif of nucleic acids, and its biological

function and formation dynamics have been reported by many

research groups. For example, in the transcription process, the

hairpin structure of mRNA controls the transcription speed

depending on the surrounding environment.150 Moreover,

hairpins are building blocks of the secondary structure of

RNA and DNA, such as cruciform, pseudoknot, H-DNA

(intramolecular DNA triplex) and so on.118,151,152 In addition,

the hairpin structure is often used for modeling molecular

beacon, a new class of nucleic acid probes that make use of

sequence-specific interaction of nucleic acid bases.153–156

Recently, those probes are investigated for the various purposes

in biotechnology, such as the control of gene expression,

recognition of a specific nucleic acid sequence, imaging of

pathogen RNA in living cells and so on.

Hairpin structure is composed of largely two parts: base

paired stem and loop sequence with unpaired or

non-Watson–Crick-paired nucleotides. As discussed later, various

factors of the loop and stem sequences such as the type of

sequence, loop radius, stem length, etc. are closely related to

the stability of the hairpin structure. For instance, the GNA

(N = A, T, G and C) trinucleotide loop sequence is reported

to produce extraordinarily stable DNA hairpins among other

possible 64 DNA fragments.157 In addition, the C:G closing

base pair in the stem stabilizes the hairpin with the GNA

trinucleotide loop more than G:C or other base pairs.158 From

the MD simulation study, it was found that the stabilization of

the C:G closing base pair is due to the additional hydrogen

bonding between C of the closing base pair and A of the GNA

loop and the good base stacking between the closing base pair

and G and A of the loop.

In this section, studies on the folding and unfolding kinetics

of DNA hairpin using mainly FRET, FCS andMD simulation

techniques are introduced. It is widely known that formation

of the hairpin structure occurs in a microsecond time scale,

which is much faster than the formation of other non-B DNA

structures such as G-quadruplex and i-motif. Using FRET and

FCS techniques, Bonnet et al. determined the rate constants of

the 21-mer DNA hairpin formation and unzipping to be 7.4 �
103 s�1 to 1.4 � 104 s�1 and 1.2 � 102 s�1 to 2.2 � 104 s�1,

respectively, in the range of 10 1C to 45 1C (Fig. 10a).159

Interestingly, the rate of hairpin formation was increased by

shorter loop length, higher salt concentration and d(T)n loop

rather than that of d(A)n. Wallace et al. also studied the

motion of a dye-labeled DNA hairpin loop (Cy5-50-

GGGTT-(A)30-AACCC-30-TMR) in aqueous solution, Tris-

EDTA buffer and Tris-EDTA buffer containing an excess of

DNA complementary to the loop sequence, (T)30.
160 From the

Fig. 9 Dissociation of the anti-parallel duplex of poly(dA) in the presence of coralyne at neutral pH (upper, reproduced from ref. 132) and the

parallel duplex of poly(dA) formed at acidic pH (lower). The coralyne–poly(dA) complex begins to be dissociated into the single-stranded structure

under a certain concentration (C*) while the parallel duplex formed at acidic pH is dissociated and converted into other conformations that exhibit

intramolecular A:A base pairs.
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comparison between obtained histograms and simulated FRET

efficiency curves, the hairpin sample in aqueous solution showed

wider distribution than the simulated curve, indicating the

existence of many conformations due to a lack of stabilizing

counterions. However, in buffer solution (Tris-HCl, EDTA or

NaCl), the mean correlation time corresponding to the average

relaxation time for the open-to-closed transition is reduced,

suggesting that the hairpin is now a stable structure and binding

in the stem sequence is the most likely fluctuation phenomenon

(i.e., the hairpin open to closed transition). Meanwhile, the

addition of complementary DNA showed a narrow distribution

of FRET efficiency well agreed with simulated curves and its

b value, a stretch parameter describing the heterogeneity of the

system, was the highest among three samples. This means that

the major contribution to the fluctuation in the case of the third

sample is motion of the stem arms and not the open-to-closed

transition of the hairpin.

On the other hand, Zewail and coworkers studied folding

and melting dynamics of the 25-mer DNA hairpin (50-R6G-

CCCCTTAGTAGTTCCTCACAAGGGG-3 0) using an ultra-

fast T-jump (o20 ps).161 From the analysis of the UV transient

absorption measured after an ultrafast T-jump (70 1C), two

rise times were observed: an ultrafast rise (o20 ps) due to the

rotational and transitional motions of water, and the relatively

slow one (B1 ns in water) due to the destacking dynamics of

single strands. Furthermore, even after a T-jump to 70 1C,

which is much higher than the melting temperature of DNA

hairpin, the fluorescence intensity of the fluorescent marker

was increased in water and buffer. This result means the

existence of a new intermediate melted state with a collapsed

(end-to-end contact) structure in its melting pathways.

In addition, MD simulation studies further supported the

existence of multiple intermediate structures of DNA hairpin.

By MD simulations on the 50-GCGCAGC sequence, Kannan

and Zacharias emphasized the importance of loop and stem

nucleotide interactions for hairpin folding.162 Most of the

intermediates, which are rapidly converted into the native

hairpin structures, include a stacking of the C2 and G3 bases

and are further stabilized by hydrogen bonding to the A5 base.

In some simulations that do not follow the fast pathway

towards the native hairpin structure, a loop motif with G3

in the syn conformation accumulates, resulting in a misfolded

hairpin (Fig. 10b). Those misfolded hairpin structures are the

main reason for the slower folding kinetics compared to a

semiflexible polymer of the same size because misfolded inter-

mediates act as long-lived trapped states in the whole hairpin

folding mechanism. Moreover, Orozco and Portella recently

investigated multiple folding pathways of a small DNA hair-

pin, d(GCGAAGC), using MD-based studies.163 As other

previous studies suggested, it was re-confirmed that there are

a number of partially folded (or misfolded) hairpin structures

that have slower folding pathways than the fast one of the

native hairpin. Compared to the fast folding kinetics of

the DNA hairpin in the sub-ms scale, 8 cases out of 20 times

of the simulation showed longer folding times (in some cases,

more than 4 ms). Those slow folding times are due to the

formation of ‘stable’ partially folded structures which are

maintained from 0.5 to 1 ms. In addition, an increase of the

temperature encourages slow routes (Arrhenius behavior) and

anti2 syn transitions of the guanine base, which is one of the

main reasons that triggers misfolded intermediates. Accordingly,

the abortive routes towards misfolded intermediates are

favored rather than the number of fast routes (anti-Arrhenius

behavior) for the native DNA hairpin structure at elevated

temperature.

As suggested by Orozco and Portella, the DNA hairpin

folding mechanism can be described as (1) formation of the

loop structure by nucleation and closure, (2) fast base pairing

of the closing base pair and (3) formation of the other

Watson–Crick base pairs in the stem.163 However, misfolded

intermediates are formed by mainly anti 2 syn transitions of

the base at the end of the strand and this transition can occur

in any steps of the folding mechanism. Therefore, the formation

of DNA hairpin cannot be explained by a simple two state

model, but should consider the ensemble of intermediates that

are stable for a while, resulting in slow formation of the native

hairpin structure.

7. DNA triplex

DNA triplex is one of the characteristic non-B DNA

conformations and consists of the Watson–Crick base pair

and Hoogsteen base pair together (Fig. 1d). The mirror

repeats of the homopurine–homopyrimidine stretch in the

upstream regulatory regions of several genes are known to

form an intramolecular triplex structure, so-called

‘‘H-DNA’’.151,164,165 This name originates from the

Fig. 10 (a) Representative illustration of the experimental scheme of

Bonnet et al. (see the details in ref. 159) using FRET and FCS for the

study on DNA hairpin formation. (b) Folding intermediates of the

DNA-trinucleotide hairpin loop. Each of the snapshots from various

stages is from the RexMD simulation (taken from ref. 162).
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characteristic triplex structure that is stabilized by hydrogen

ions and preferentially formed under acidic conditions.

H-DNA has been proposed to play a role in gene expression,

indicating its significant biological importance. In addition, a

triplex forming oligonucleotide (TFO), which forms a DNA

triplex structure with high selectivity, has been used for the

recognition of a specific DNA sequence, gene targeting,

mutagenesis and inhibition of gene activity. Further information

on the DNA triplex and its biological application can be found

in the recent reviews.164–166

Under the physiological condition with sufficient concentrations

of salts (especially Mg2+),167,168 TFO binds to the major

groove of the host duplex and then forms the triplex structure

by Hoogsteen base pairing with one strand of the host duplex,

resulting in base triads.169 TFO should have the identical

sequence of the complementary strand of the associating

strand in the DNA duplex, while the direction of the TFO

relies on the type of DNA triplex. Depending on the bases

(pyrimidine or purine) of the TFO interacting with the purine

base of the duplex, there are two kinds of DNA triplex:

parallel and anti-parallel, respectively. The most well-known

triads of the parallel triplex are T � A�T and C+ � G�C
(� and � represent Hoogsteen and Watson–Crick base pairs,

respectively), whereas the anti-parallel triplex consists of G �
G�C and A � A�T triads. The exemplary parallel triplex and

respective triads are shown in Fig. 1d.

Formation and dissociation of the DNA triplex can be

described as D + S $ T where D, S and T represent the

host duplex, single-stranded TFO and triplex, respectively

(Fig. 11). Therefore, one of the optical features of DNA triplex

is the existence of the two melting temperatures. In most cases,

low and high Tms can be obtained by UV melting experiments,

corresponding to the dissociation of TFO from the DNA

duplex and dissociation of the DNA-duplex, respectively. The

latter Tm is close to that of the DNA duplex alone. From the

differential scanning calorimetry (DSC) measurement, Dervan

and coworkers reported that the free energy changes of triplex

melting were 1.3 � 0.1 and 17.2 � 1.2 kcal mol�1 for the first

(T-D+ STFO) and second (D+ STFO - 2 SDuplex + STFO)

transitions, respectively.169 Accordingly, the triplex is thermo-

dynamically less stable than its host duplex. Yang et al.

obtained KT (triplex association constant) values of the parallel

triplex formation, (6.0 � 1.0)� 105 and (7.3 � 0.8) � 105 M�1,

using FRET and fluorescence anisotropy measurements,

respectively, with the 11-mer TFO (TAMRA-50-TTTTT-

CTCTCT-30) and 6-FAM-labeled 25 bp duplex.170 The two

KTs were clearly in good agreement with each other as well as

with the previously reported values obtained by affinity

cleavage titration. In addition, it was found that as TFO becomes

longer and the triplex region increases, the triplex association

constants become bigger, indicating that triplex formation is

more favored. On the other hand, Reither and Jeltsch analyzed

antiparallel triplex formation using a similar FRET system by

Yang et al.168 From the fluorescence emission measurements

of two triplexes, which are composed of TFO sequences of

TAMRA-50-GGAGGGGGAGGGG-30 (TFO1) and TAMRA-

50-GGGGAGAGGGAGG-3 0 (TFO2) and the respective

6-FAM-labeled 21-bp duplex sequences (DS1 and DS2),

equilibrium binding constants (KT) are determined as 2.6 � 105

and 2.3 � 106 M�1 for TFO1-DS1 and TFO2-DS2, respectively.

Considering the fact that the KT of TFO2-DS2 is 10-fold more

stable than that of TFO1-DS1, the A–AT triplex is found to

be thermodynamically favorable in comparison to the G–GC

triplex by approximately 5–6 kJ mol�1. In addition, molecular

beacon-like TFO (i.e., TFO of the dye-labeled hairpin structure)

was used to investigate the effect of polyamines on the formation

of the DNA triplex.153 As Mg2+ stabilizes the triplex structure

by relieving the repulsion between backbone charges, cationic

polyamines such as spermine can stabilize the DNA triplex

significantly. For example, 1 mM spermine can even induce

the triplex structure under 10 mM Na+ condition (KT =

3.2 � 108 M�1) where the triplex cannot be formed naturally.

The synthetic analogues of spermine, such as the pentamine

and hexamine, are found to be more efficient with approxi-

mately 4- and 17-fold increased KT, respectively. In light of

those studies, the formation of the DNA triplex is affected by

its length, the type of triplets, and presence of cations or

cationic compounds.

Moreover, the stability of the triplex is pH-dependent due to

the protonation of cytosine. Sugimoto et al. suggested that the

triplex formation at acidic pH can be described by a one-step

docking model (2 SDuplex + STFO $ T) whereas the triplex at

physiological pH is formed by a sequential mechanism as

explained above (Fig. 11).171 From UV melting experiments

at 20 1C and pH 6.0, the free energies of the DNA triplex, host

duplex and Hoogsteen base-paired parallel duplex, composed

of TFO and one strand of the host duplex, are determined as

�24.58 � 0.50, �13.39 � 0.16 and �8.97 � 0.06 kcal mol�1,

respectively. Interestingly, DGtriplex o (DGhost duplex +

DGparallel duplex) indicates that a larger energy would be

required to disrupt the triplex compared to individually

disrupt the host and parallel duplexes. In other words, the

triplex at acidic pH is a more stable complex than expected,

Fig. 11 Three different formation pathways of the DNA triplex as

suggested by Sugimoto et al. (see ref. 171 for additional details).

Pu
bl

is
he

d 
on

 0
7 

Se
pt

em
be

r 
20

11
. D

ow
nl

oa
de

d 
by

 U
ni

ve
rs

ity
 o

f 
T

ol
ed

o 
on

 1
3/

01
/2

01
5 

17
:2

3:
17

. 

View Article Online

http://dx.doi.org/10.1039/c1cs15153c


5906 Chem. Soc. Rev., 2011, 40, 5893–5909 This journal is c The Royal Society of Chemistry 2011

and it undergoes the one-step dissociation. Under the same

conditions (20 1C and pH 6.0), association and dissocia-

tion rate constants (ka and kd) of the TFO are found to be

(1.98 � 0.24) � 103 M�1 s�1 and (4.09 � 0.96) � 104 s�1,

respectively, and the free energy is �8.96 � 0.12 kcal mol�1,

comparable to DGparallel duplex above. This finding implies that

the formation of the Hoogsteen paired strand is independent

of the structural forms of the host strands. In addition, using

AFM and FRET techniques, Chang et al. reported that the

maximum rupture force of the 17-mer DNA triplex was found

at pH 4.65, suggesting the formation of a fully protonated

DNA triplex.172

Not only the aspects discussed above, but there are also

various factors that affect the formation of the DNA triplex,

such as the introduction of locked nucleic acids,173 comb-type

cationic copolymers,174 metal ions,175 molecular binders,176,177

molecular crowding condition,178,179 special TFO based on the

polyamide backbone (so-called PNA)180 and so on.

8. Conclusion and outlook

Although non-B DNAs such as tetraplex, Z-DNA, and

A-motif were not directly detected in vivo, they have been

proposed to participate in several biologically important

processes, including the regulation, evolution, and human

disease. Substantially, it is well-known that non-B DNA-forming

sequences induce the genetic instability and consequently are

associated with human diseases such as myotonic dystrophy

(DM), Huntington’s disease, fragile X syndrome (FRAX), and

Friedreich’s ataxia (FRDA).

In addition, some of the non-B DNAs are expected to act as

a signpost of oncogene and a controller for the oncogene

expression at the transcription level in the future because non-

B DBA-forming sequences are frequently observed in and near

the promoter region of oncogene and human telomeric DNA.

Furthermore, it is well-known that B-DNA is an excellent

material for building artificial nanostructures in nanotechnology,

material science, molecular computing and bio-analysis because

of the rigorous Watson–Crick base pairing to make the

hybridization between DNA strands highly predictable, the

well-defined double-helix structure and its structural stiffness

and flexibility. Like B-DNA, non-B DNAs are also regarded

as a fascinating material for nanotechnology because they have

a unique structure, do not produce any toxic byproducts and are

robust enough for the repetitive working cycle. Especially,

tetraplex DNA with a higher order structure is regarded as a

fascinating material for nano-machine application17,181–183 as

well as the drug delivery system.184–187 Indeed, Shieh et al.

reported that the G-quadruplex-TMPyP4 complex destroys

cancer cells selectively under the 435 nm irradiation. This

means that G-quadruplex can be used as a drug carrier for

photodynamic therapy for cancer cells.185 Moreover, there were

several attempts that exploit the G-quadruplex structure for

medical application.188,189 The applications of G-quadruplex

as therapeutic targets as well as a drug carrier were excellently

summarized in recent reviews.72,186 In addition, Modi et al.

developed the i-motif-based nano-machine to map the spatial and

temporal pH changes associated with endosome maturation.183

These studies suggest the great potential of non-B DNA

scaffolds responsive to complex triggers in sensing, diagnostics

and targeted therapies in a living cell.

In this respect, understanding their conformational changes

occurring in physiological conditions is of critical importance

because the conformations of various biomolecules are

intimately related with their biological functions. Despite

numerous studies on non-B DNA in terms of the molecular

mechanism, however, it requires detailed knowledge of their

conformational dynamics. For instance, the conformational

dynamics of non-B DNA reported until now have shown very

diverse and inconsistent results. However, most of the recent

studies pointed out that the folding and unfolding dynamics of

non-B DNA proceed along a multi-pathway with detectable

intermediates rather than a simple two-state process. Therefore,

to provide further convincing and comprehensive assignments

of kinetics and conformational dynamics of non-B DNAs, a

combination of single-molecule and ensemble-averaged spectro-

scopy is highly desirable.

Recent advances in optical imaging and biomechanical

techniques offer opportunities to observe the dynamic beha-

vior of a single biomolecule, elucidate the conformational

dynamics at the level of an individual molecule and explore

heterogeneity in the conformational dynamics observed between

the single molecule level and in the bulk phase. In practice, the

conformational dynamics and the biological functions of

non-B DNAs at the single-molecule level have been extensively

studied in vitro and in vivo to obtain new information and a

better understanding on the conformational changes related to

their biological functions that are not accessible in ensemble

measurements. The single molecule study with high temporal

and spatial resolution should lead to significant advances in

understanding the conformational dynamics and the biological

functions of non-B DNAs in vitro and in vivo.
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